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 Single-Molecule Reconstruction of Oligonucleotide 
Secondary Structure by Atomic Force Microscopy 
 Alice  Pyne ,  Ruth  Thompson ,  Carl  Leung ,  Debdulal  Roy ,  and  Bart W.  Hoogenboom * 
nucleotides of arbitrary size, complexity and conformational 
fl exibility in physiological buffers, albeit adsorbed on a fl at 
substrate. [ 7 ] In some cases, it yielded suffi cient resolution 
to resolve the helical repeat of B-DNA, [ 7b , 8 ] and recent 
advances in AFM technology have resulted in the visualiza-
tion of both strands of the DNA double helix. [ 9 ] To reproduc-
ibly visualize oligonucleotide secondary structure, we here 
minimize the invasiveness of the AFM measurements using 
both rapid force-distance (PeakForce Tapping) [ 6b ] and ampli-
tude-modulation (tapping) [ 7b ] imaging modes (see the Exper-
imental Section), and apply novel image analysis procedures 
to extract structural parameters. 
 DNA helical structure can readily be observed in our 
AFM images as a double-banded corrugation along the 
molecule ( Figure  1 a), here demonstrated for a supercoiled 
plasmid of about 1.2 µm length (3486 base pairs) adsorbed on 
mica in the presence of Ni 2+ ions (see Experimental Section 
and Supporting Information Figure 1). We fi nd that both the 
measured corrugation and the overall height of the plasmids 
critically depend on the force that the AFM tip applies to the 
sample. This is quantifi ed by force-distance imaging, where 
continuous and rapid acquisition of force-distance curves 
facilitates an estimation of the peak forces during the imaging 
process (Figure  1 b-f). At minimum peak forces, the measured 
height of the DNA (1.9 ± 0.2 nm) agrees with the diameter 
of the molecule as estimated from the B-DNA crystal struc-
ture (2.0 ± 0.1 nm; RCSB protein data bank, 1BNA). [ 10 ] On 
increasing the peak force to ≈50 pN, the corrugation becomes 
marginally clearer, at the expense of few-Ångström vertical 
compression of the plasmid. At about 70 pN and 20% com-
pression of the molecule, the corrugation is most visible. 
Beyond 100 pN, the major and minor grooves become less 
clear and the measured heights reduce to <1.5 nm, similar to 
most earlier AFM experiments in liquid. [ 7b , 8b ] We typically 
observe damage to or dislocation of the plasmids on imaging 
at peak forces exceeding ≈200 pN. For peak forces up to 
≈200 pN, the plasmid can be repeatedly compressed and then 
imaged again at its uncompressed height (Supporting Infor-
mation Figure 2). The compression of the plasmid is also 
apparent from its narrower appearance (Figure  1 b-d) and 
dislocation of a plasmid loop (see white arrow in Figure  1 d) 
at higher forces. These results demonstrate that the oligonu-
cleotide diameter can be accurately measured as a molecular 
height by AFM for low tip-sample forces. [ 9 ] 
 For a comparison of the AFM images with the B-DNA 
crystal structure, we digitally straightened the measured 
surface topography of a DNA segment, using a coordinate DOI: 10.1002/smll.201400265
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 Biomolecular structure determination generally relies on 
ensemble-averaging. As such, it has poor sensitivity to devia-
tions from the average molecular structures, and usually 
requires crystalline samples—which for many molecules 
and complexes are not available. Combining soft-touch 
atomic force microscopy (AFM) and image analysis, we here 
describe a method to reconstruct the secondary structure of 
single extended biomolecules, without the need for crystalli-
zation. We have tested the method by accurately reproducing 
the dimensions of the B-DNA crystal structure. Importantly, 
we also resolve intramolecular variations in groove depth 
of the DNA double helix, which would be inaccessible for 
methods that rely on ensemble-averaging. 
 Local deformations of the DNA double helix structure 
are important in mediating protein- DNA binding speci-
fi city and thus in regulating gene expression. [ 1 ] They have 
so far been hard to observe experimentally, in particular if 
the secondary structure depends on DNA supercoiling [ 1b ] or 
on local protein binding. [ 1c ] DNA structure is usually deter-
mined by X-ray diffraction, demonstrating, for example, few-
Ångström sequence-dependent variations in depth and width 
of its major and minor grooves. [ 2 ] However, X-ray diffraction 
is limited to providing ensemble-averaged structures based 
on crystals of short, linear DNA fragments. NMR, [ 3 ] FRET [ 4 ] 
and superresolution optical microscopy [ 5 ] are complementary 
methods to obtain information of oligonucleotide structure 
in more physiological environments, but either fail to achieve 
the spatial resolution that is required to determine secondary 
structure, or are limited to the study of distances between 
specifi cally labelled positions within the molecules. 
 AFM occupies a unique position among such methods, 
because it combines the spatial resolution to resolve sub-
molecular structure [ 6 ] with the ability to image single oligo-
This is an open access article under the terms of the Creative Commons 
Attribution License, which permits use, distribution and reproduction 
in any medium, provided the original work is properly cited.
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transformation to a system in which one coordinate ( s ) repre-
sents the position along the longitudinal axis of the molecule, 
and the other coordinate ( q ) the distance from this central 
axis (see Experimental Section and Supporting Informa-
tion Figure 3), i.e.,  q = 0 on the longitudinal axis of the mol-
ecule. The periodic double-banded structure—much clearer 
at this higher magnifi cation and enhanced color contrast 
( Figure  2 a-b)—corresponds to the two oligonucleotide strands 
of the double helix, and the tilt of the banding marks the 
right-handedness of the B-DNA secondary structure. The hel-
ical periodicity can also be identifi ed from the power spectra 
(Figure  2 c) obtained by a one-dimensional Fourier transform 
along the horizontal axis in Figure  2 b. Two pronounced peaks 
are observed, corresponding to the fi rst (2π/ λ ) and second 
(4π/ λ ) order wave vectors, which each yield a helical repeat 
of  λ = 3.6 ± 0.2 nm, in excellent agreement with the crystal 
structure. The smallest discernible peak in the experimental 
power spectrum corresponds to the third order wave vector 
(6π/ λ ), indicating a spatial resolution of 1.2 ± 0.2 nm. This lat-
eral resolution is similar to the best lateral resolution that has 
been obtained by AFM on arrays of membrane proteins, [ 6c ] 
which due to their fl atness and two-dimensional periodicity 
are much more amenable to high-resolution imaging. 
 Remarkably, the double-helix contrast shows signifi cant 
variations along the molecule (Figure  2 a-b). These variations 
are reproducible between trace and retrace scans as well as 
small 2014, 10, No. 16, 3257–3261
 Figure 1.  Double-helix corrugation and height of a DNA plasmid in AFM topography. (a) A plasmid imaged at a peak force of 49 pN. Inset: High-
resolution AFM topography of the DNA, and a height profi le taken with a 5 pixel (≈0.5 nm) width along the dashed line, showing major and minor 
grooves. Color scales: 3.5 nm; 1.4 nm (inset). (b-d) A plasmid imaged at peak load forces of 39, 70, and 193 pN, respectively, with the major and 
minor grooves of the DNA double helix visualized at higher magnifi cation (insets). Color scales: 3 nm (for low magnifi cation); 2 nm (for the insets). 
(e) Height profi les measured across the DNA, as marked on the inset of b by a dashed line, for different peak forces. (f) Measured height along the 
same section across the molecule (as e), as a function of peak force.
Single-Molecule Reconstruction of Oligonucleotide Secondary Structure by Atomic Force Microscopy
3259www.small-journal.com© 2014 The Authors. Published by Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim
between subsequent images, are independent of the image 
analysis procedure, and can be quantifi ed as variations of the 
major groove depth in height profi les measured along the 
molecule (Figure  2 d and Supporting Information Figure 4). 
The major and minor grooves of the double helix appear as, 
respectively, 0.1−0.7 nm and ≈0.1 nm depressions, which on 
average are reduced compared with their 0.8 nm and 0.4 nm 
depths in the crystal structure [ 10 ] (as estimated from a pro-
fi le measured along its space-fi lling representation, Figure  2 d, 
red line). This suggests that the AFM tip is too large to fully 
penetrate the grooves, implying a limitation for the accuracy 
at which AFM can measure the absolute groove depths. We 
interpret the measured (relative) variations in the major 
groove depths as structural variability possibly induced by 
the torsional stress in the supercoiled plasmid, [ 1b ] and sta-
bilized by the Ni 2+ -mediated interaction with the mica sub-
strate. Importantly, these variations demonstrate the power 
of our method in not only accurately reproducing average 
secondary-structure dimensions, but also their variability 
within a single molecule. 
 The AFM images thus provide an accurate representation 
of periodic and non-periodic features along the molecule, and 
show groove depths that approach the idealized structure (as 
would be measured on the B-DNA crystal structure with an 
infi nitely sharp and sensitive AFM probe) to within a few 
Ångströms. However, the width of the DNA is largely over-
estimated due to the convolution with the fi nite-size AFM tip 
(Figure  1 e and  Figure  3 a). As a result, the chiral angles of oli-
gonucleotide secondary structure (as measured with respect 
to the longitudinal axis of the molecule) are overestimated as 
well (Figure  3 b-c). [ 9b ] 
 To obtain accurate values of the chiral angles of the DNA 
double helix, we fi rst determine the molecular radius ( r ) and tip 
radius ( R ) from the measured AFM topography, and next use 
these to correct the AFM images for the fi nite size of the tip 
(see Experimental Section, and Ref.  [ 11 ] for a similar analysis 
of scanning tunnelling microscopy data on carbon nanotubes). 
For the higher-quality images, tip radii are typically found to 
be 1–2 nm (below nominal manufacturers’ specifi cations, see 
Supporting Information Table 1). Figure  3 b-c show examples 
of the correction procedure for data acquired in two different 
experiments. Average chiral angles (± standard deviation) are 
corrected, respectively, from 23 ± 4° to 36 ± 4° and from 21 ± 3° 
to 37 ± 5° for Figure b and c, in excellent agreement with the 36 
± 1° predicted from the B-DNA crystal structure. 
 The comparison with the B-DNA crystal structure demon-
strates that our method provides an accurate reconstruction 
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 Figure 2.  Helical repeat, right-handedness, and groove depths of 
B-DNA. Green asterisks mark a deep major groove, and green triangles 
a shallow one. (a) AFM topography of plasmid DNA, displayed at 
a (saturated) color scale of 1.1 nm. (b) Digitally straightened trace 
(top) and retrace (bottom) image of a, compared with a space-fi lling 
representation of the B-DNA crystal structure. (c) Power spectra for the 
images in b, obtained by a Fourier transform in the horizontal direction. 
The black and blue lines refer to the trace and retrace AFM images, 
respectively; the red trace to a similarly processed image of the crystal 
structure. (d) Height profi les taken along the dashed lines in b averaged 
over a 5 pixel (≈0.5 nm) width. The profi le of the crystal structure has 
been offset by −0.8 nm for clarity.
 Figure 3.  Measuring the chiral angle of the double helix. (a) Schematic 
showing the AFM tip of radius  R at different positions with respect to 
a cylindrical molecule of radius  r (viewed as cross section). (b, c) AFM 
topography of digitally straightened DNA segments before (top) and 
after (bottom) correction for the fi nite tip size, compared with the 
B-DNA crystal structure, in two different experiments.  r = 1.1 ± 0.1 nm, 
 R = 1.3 ± 0.2 nm (b); and  r = 0.9 ± 0.1 nm,  R = 1.7 ± 0.2 nm (c). Scale 
bars: 10 nm; color scales: 1.1 nm. Straight lines in the AFM images mark 
the strands of the double helix that were used to determine the average 
chiral angle with respect to the longitudinal axis of the molecule.
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of secondary structure based on a single oligonucleotide mol-
ecule (see Supporting Information Table 2 for a summary of 
structural parameters). Via the measured groove depths, it 
detects intramolecular variability that is inaccessible to other 
structural methods as they usually rely on ensemble-aver-
aging—with potential repercussions for protein and ligand 
binding during gene expression and replication. [ 1a ] Based on 
commercially available equipment, our method is suffi ciently 
general and accessible to have wider applicability, e.g., for the 
determination of yet unsolved structures of coiled-coil pro-
tein complexes [ 12 ] and for the structural verifi cation of engi-
neered oligonucleotide structures such as DNA origami. [ 13 ] 
Finally, given the here quantifi ed interdependence of load 
force, tip size, and measured AFM topography of known bio-
molecular structure, our method also lends itself exquisitely 
for in-situ benchmarking of AFM systems and probes. 
 Experimental Section 
 Sample Preparation : Double-stranded plasmid DNA was phys-
isorbed on mica in the presence of Ni 2+ ions to bridge the negative 
surface charges of the mica substrate and the DNA molecules in 
solution. [ 7b ] Once adsorbed, the DNA appeared in a two-dimen-
sional projection of three-dimensional superstructure, showing 
various degrees of supercoiling. Freshly cleaved mica (Agar Scien-
tifi c, UK) was covered with 25 µL of 20 mM NiCl 2 (Sigma-Aldrich, 
UK) solution, followed by addition of 25 µL of 10 mM HEPES pH 
7.0 (Sigma-Aldrich) buffer, and of 7 µl of 3 µg/ml 3486 base-pair 
plasmid DNA solution (pmaxGFP nucleofector kit, Lonza, Basel, 
Switzerland; characterized by agarose gel electrophoresis as 
described elsewhere). [ 9a ] All solutions were allowed to equilibrate 
at room temperature before the sample preparation, to reduce 
subsequent drift in the microscope. After 30 minutes, the solu-
tion was diluted by addition of 50 µL of 10 mM HEPES pH 7.3. This 
reduced the NiCl 2 concentration to 5 mM NiCl 2 , which implies a 
Debye screening length of ≈2.5 nm. All AFM measurements were 
performed in liquid under these conditions. At lower NiCl 2 con-
centrations, the DNA was more loosely bound to the surface, com-
promising spatial resolution at the imaging speeds used in these 
experiments. At higher concentrations, NiCl 2 showed stronger 
precipitation on the surface, which compromised tip stability and 
prevented accurate height measurements of the DNA (Supporting 
Information Figure 1). 
 AFM imaging : Rapid force-distance (PeakForce Tapping) 
imaging was carried out on Multimode 8 and FastScan Bio AFM 
systems (Bruker, Santa Barbara, CA, USA). [ 6b ] In these experi-
ments, continuous force-distance curves were recorded and the 
tip-sample feedback was set by the peak force as referenced to 
the force baseline. The following cantilevers were used: MSNL-F 
(Bruker), biolever mini (Olympus, Tokyo, Japan), and FastScan 
DX (Bruker), see Supporting Information Table 1. Force-distance 
curves were recorded over 10 nm (PeakForce Tapping amplitude 
of 5 nm), at a frequency of 4 kHz. The PeakForce setpoint for 
approach was set to 0.1 V, corresponding to a defl ection of a few 
nm and a force of the order of 0.1 nN. The defl ection sensitivity 
was calibrated from a force curve with the same (relative) setpoint, 
after which the spring constant was calibrated from the thermal 
noise of the cantilever away from the sample surface. Measured 
defl ections could thus be converted to forces. For imaging, the ver-
tical scan limit was reduced to 1 µm. 
 Amplitude-modulation (AC mode/tapping) [ 7b ] experiments 
were carried out on a Cypher microscope (Asylum Research, Santa 
Barbara, CA, USA) with biolever-mini cantilevers (Olympus). The 
cantilevers were piezo-acoustically driven at an amplitude of 
1.3 nm at the resonance frequency of the cantilever. This reso-
nance frequency (≈27 kHz) was determined from the thermal noise 
spectrum of the cantilever. The amplitude setpoint for approach 
was set at about 70% of the free amplitude. At these settings, 
several false approaches were detected due to variations in the 
effectiveness of the piezo-acoustic actuation during the coarse tip-
sample approach. Drive amplitude and frequency were adjusted at 
this point, until tip-sample contact was established. For imaging, 
the amplitude setpoint was increased to just below the value at 
which the cantilever was lifted off the sample. 
 After approach of the AFM tip to the sample, the scan area was 
set to 1 × 1 µm 2 to locate plasmids that had adsorbed to the mica 
without excessive supercoiling, such that roughly straight seg-
ments were exposed over several tens of nanometres. Higher-res-
olution images were taken at scan sizes of 100 × 100 nm 2 or less. 
Images were recorded at 512 × 512 pixels at a line rate of 2.5 Hz 
(Bruker Multimode 8 and Fast Scan Bio) or 1.5 Hz (Cypher). Each 
scan line in the image was scanned from left to right (trace) and 
from right to left (retrace). The observed topographic features were 
verifi ed for their consistency between trace and retrace images 
(Figure  2 and Supporting Information Figure 4), as well as for their 
reproducibility in subsequent scan frames (Supporting Information 
Figure 4). 
 Similar AFM topography images were obtained in PeakForce 
Tapping on the Bruker instruments and in amplitude modulation 
on the Cypher. For quantifying the peak force (Figure  1 ), however, 
we preferred PeakForce Tapping, as the quantifi cation of imaging 
forces in amplitude modulation was less straightforward. The 
data in Figure  1 were recorded on the Bruker Multimode 8 using 
PeakForce Tapping, the data in Figure  2 and  3 b on the Bruker Fast 
Scan Bio using PeakForce Tapping, and the data in Figure  3 c on the 
Asylum Cypher AFM system with amplitude modulation. 
 Image analysis : A dedicated Matlab code (MathWorks, Natick, 
Massachusetts) was written to load the AFM images as ASCII fi les, 
trace the DNA, and carry out a transformation from the  xyz coordi-
nates of the surface topography to  sqz coordinates, where the unit 
vector sˆ refers to the direction along the contour of the DNA, and 
qˆ to the direction perpendicular to sˆ  at all points (see Supporting 
Information Figure 3 for a pictorial representation). For any par-
ticular position  s along the DNA, the  q coordinate of a nearby pixel 
was determined from the vector product 

p sˆ×  where 

p  was the 
vector from the position defi ned by  s to the position of the nearby 
pixel. The surface height  z was not affected by this transformation. 
 The DNA was traced, starting from a user-defi ned point on 
the DNA, by defi ning ( q , z ) points with respect to a segment of set 
length  s typically about 2 nm along a trial direction sˆ; fi tting of 
these nearby ( q,z ) points with a Gaussian superposed to a linear 
background; defi ning the peak position of this Gaussian as a 
new point on the DNA contour; defi ning a new trial direction from 
the line connecting the previous two points; and repeating this 
procedure until a user-defi ned end-point was reached. The DNA 
contour was then traced by a smooth spline along thus defi ned 
positions. 
small 2014, 10, No. 16, 3257–3261
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 In the next step, this DNA trace was divided into  s values at 
a resolution corresponding to the pixel size in the original image, 
and all ( x,y ) points in the images (Supporting Information Figure 3) 
attributed to the nearest  s position on the DNA contour. Finally, the 
resulting ( s,q,z ) coordinates were interpolated to yield an image 
with equally spaced ( s,q ) pixels. 
 Line-by-line background subtraction of raw AFM images, cross-
sectional and profi le analysis, as well as color contrast adjust-
ments, Gaussian fi ltering with a full-width half maximum of 2 
pixels, and Fourier analysis were carried out by the open-source 
image analysis program Gwyddion. [ 14 ] Graphical representations 
of the B-DNA crystal structure were generated using the UCSF Chi-
mera package. [ 15 ] 
 Correction for fi nite tip size : Assuming a cylindrical molecule 
and a spherical AFM tip (with radii defi ned as  r and  R , respec-
tively; see Figure  3 a), the lateral position of the point of contact 
between a sample and tip ( q DNA ) relates to the lateral position 
of the tip ( q tip , i.e., the measured position in an AFM experiment) 
via
 1 /
q
q
R r
DNA
tip
=
+  
(1)
 
 which follows from simple geometrical arguments. In our experi-
ments,  r was estimated from accurate, low-force measurements of 
the maximum height of the molecule (=2 r ), and  R from its meas-
ured full-width half maximum 2 ,1/2qtip( )≡ :
 2
,1/2
2 2
R
q r
r
tip( )
=
−
 
(2)
 
 Here,  q tip ,1/2 was determined from a fi t with a Gaussian peak 
function, as more complicated and accurate descriptions of 
the cross-sectional profi le did not lead to signifi cantly different 
results. Using Equations  ( 1), (2) , the straightened oligonucleotide 
AFM images in  sqz coordinates were thus corrected for the effects 
of tip convolution. 
 Coordinates with * 2q rRtip >  were excluded from the analysis, 
as these correspond to tip positions where the tip is expected 
to be in contact with the substrate, and no longer with the DNA. 
Consequently, the DNA surface is only probed over a width 
2 * 4 /(1 / ) 2q rR R r rDNA = + ≤ . In other words, though tips with larger 
sizes yield a wider appearance of the plasmid, they will probe a 
narrower part of the molecular surface. Using similar geometrical 
arguments, one may calculate a corrected height  z DNA ≥  z tip , where 
 z tip refers to the very end of the tip. However, unlike the correction 
of the lateral dimension  q , this height correction in our experi-
ments was not signifi cant compared to the noise, and therefore 
was not pursued any further. 
 Supporting Information 
 Supporting Information is available from the Wiley Online Library 
or from the author. 
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